Buffering agents modify the hydration landscape at charged interfaces. by Trewby,  W. et al.
Durham Research Online
Deposited in DRO:
07 March 2016
Version of attached ﬁle:
Published Version
Peer-review status of attached ﬁle:
Peer-reviewed
Citation for published item:
Trewby, W. and Livesy, D. and Votchovsky, K. (2016) 'Buﬀering agents modify the hydration landscape at
charged interfaces.', Soft matter., 12 (9). pp. 2642-2651.
Further information on publisher's website:
http://dx.doi.org/10.1039/C5SM02445E
Publisher's copyright statement:
This article is licensed under a Creative Commons Attribution 3.0 Unported Licence.
Additional information:
Use policy
The full-text may be used and/or reproduced, and given to third parties in any format or medium, without prior permission or charge, for
personal research or study, educational, or not-for-proﬁt purposes provided that:
• a full bibliographic reference is made to the original source
• a link is made to the metadata record in DRO
• the full-text is not changed in any way
The full-text must not be sold in any format or medium without the formal permission of the copyright holders.
Please consult the full DRO policy for further details.
Durham University Library, Stockton Road, Durham DH1 3LY, United Kingdom
Tel : +44 (0)191 334 3042 | Fax : +44 (0)191 334 2971
http://dro.dur.ac.uk
2642 | Soft Matter, 2016, 12, 2642--2651 This journal is©The Royal Society of Chemistry 2016
Cite this: SoftMatter, 2016,
12, 2642
Buﬀering agents modify the hydration landscape
at charged interfaces†
William Trewby, Duncan Livesey and Kislon Voı¨tchovsky*
Buﬀering agents are widely used to stabilise the pH of solutions in soft matter and biological sciences.
They are typically composed of weak acids and bases mixed in an aqueous solution, and can interact
electrostatically with charged surfaces such as biomembranes. Buﬀers can induce protein aggregation
and structural modification of soft interfaces, but a molecular-level picture is still lacking. Here we use
high-resolution atomic force microscopy to investigate the eﬀect of five commonly used buﬀers,
namely 4-(2-hydroxyethyl)piperazine-1-ethanesulfonic acid (HEPES), 2-(N-morpholino)ethanesulfonic
acid (MES), monosodium phosphate, saline sodium citrate (SSC) and tris(hydroxymethyl)aminomethane
(Tris) on the hydration landscape of Muscovite mica in solution. Mica is an ideal model substrate due to
its negative surface charge and identical lattice parameter when compared with gel-phase lipid bilayers.
We show that buﬀer molecules can produce cohesive aggregates spanning over tens of nanometres of
the interface. SSC, Tris and monosodium phosphate tend to create an amorphous mesh layer several
molecules thick and with no preferential ordering. In contrast, MES and HEPES adopt epitaxial
arrangements commensurate with the underlying mica lattice, suggesting that they oﬀer the most
suitable solution for high-resolution studies. To confirm that this eﬀect persisted in biologically-relevant
interfaces, the experiments were repeated on a silica-supported lipid bilayer. Similar trends were
observed for this system using atomic force microscopy as well as ellipsometry. The eﬀect of the
buﬀering agents can be mitigated by the inclusion of salt which helps displace them from the interface.
1 Introduction
Electrostatic forces play a fundamental role in soft matter,1 and
in particular biological systems where they mediate the folding
and stability of proteins2 and DNA,3 control interactions
between molecules,4 ensure eﬃcient charge and energy trans-
fer across and along biomembranes,5,6 and help shape large
molecular assemblies while controlling their mechanical and
dynamic properties.7–9 These processes usually take place in
solution and hence depend critically on the solution’s ionic
strength and pH-the concentration of protons or hydroxide ions
in solution. In biological assays as well as certain industrial
processes,10,11 pH is controlled by buffering agents; molecular
macro-ions with dimensions of the order of nanometres (see
Fig. 1) that partially dissociate in aqueous solutions. They are
intended to ensure that the in vitro environment allows for
optimal function of the molecules in solution, and mimics that
of the natural world. However, evidence suggests that buffers
may actively alter the dynamics and aggregation of proteins in
solution and affect the surface of biomembranes.12 Biological
membranes are largely composed of zwitterionic or negatively
charged lipids13 whose organisation in the membrane depends
on specific electrostatic and hydration interactions. These
interactions are controlled by the type and quantity of
counter-charges in solution.14–16 Buffer molecules can there-
fore exert a great deal of influence over biomembranes; Tris
(structure given in Fig. 1), for example, can induce micrometre-
scale ripple phases in neutral lipid bilayers.12 The underlying
Fig. 1 Molecular structure of the substrate and buﬀering molecules used
in this study, shown approximately to scale. (left) The hexagonal lattice of
muscovite mica’s [100] surface, as presented to the AFM tip (a = 5.199 Å45);
(L-R, top) HEPES; MES; (L-R, bottom) monosodium phosphate; SSC; Tris.
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mechanism behind this is still unclear. Aside from the struc-
tural rearrangement of soft interfaces, buffer molecules are also
likely to create a layer that prevents normal interaction of solute
molecules with the interface, and add constraints to the
membrane’s local mechanical properties, in a comparable
manner to interfacial ionic networks.8,17
To the best of our knowledge, none of these eﬀects have
been systematically studied. This is due, in part, to the diﬃculty
in deriving local information about the interface at the nano-
scale. Here we use high-resolution amplitude-modulation
atomic force microscopy (AM-AFM)18 to tackle the question of
buﬀer aggregation and layering at charged interfaces.
AFM can operate with sub-nanometre lateral resolution,
making it an ideal tool to investigate interfacial eﬀects; it has
previously been used to investigate the nature of water adsorp-
tion to Muscovite mica surfaces in ambient conditions,19–21
which has helped elucidate the behaviour of water at solid
interfaces. It is the technique’s ability to image while fully
immersed in liquid that allows biological interfaces to
be characterised in their native environment. Recent advances
in AFM have improved the resolution, making possible the
imaging of individual lipids,22,23 proteins8,24,25 and the secondary
structure of DNA nucleotides26,27 in solution. The technique was
also successfully used to map the strongly adsorbed interfacial
water making up the hydration shell of various solids28–30 and
biological membranes.31,32 Singe adsorbed metal ions could also
be identified both on solids33–37 and lipid bilayers23 in aqueous
solution.
Here, we compare the aggregation and layering of five
commonly used buﬀers, namely 4-(2-hydroxyethyl)piperazine-1-
ethanesulfonic acid (HEPES), 2-(N-morpholino)ethanesulfonic
acid (MES), monosodium phosphate, saline sodium citrate
(SSC) and tris(hydroxymethyl)aminomethane (Tris) at the surface
of mica in solution. The choice of mica is motivated by its
identical lattice parameters and symmetry when compared to
gel-phase lipid bilayers, its negative surface charge, and its
overall robustness. Its negative surface charge occurs due to
dissociation of potassium ions from its [100] surface (see Fig. 1) and
results in a streaming zeta potential of approximately 80 mV38 at
pH 7.0. The molecular organisation of supported lipid bilayers
can vary tremendously, depending on the method of prepara-
tion, the specific composition and the system’s history and
environment,39,40 making direct, molecular-level comparison
between buﬀers diﬃcult. In the present case, the use of mica
allows for a direct comparison between the diﬀerent buﬀers
while retaining some structural characteristics of bilayers.
The biological relevance of the study was then confirmed by
investigating the eﬀect of buﬀering agents on a supported lipid
bilayer (SLB) formed on a silicon/silicon dioxide wafer with
AM-AFM as well as ellipsometry.41 By analysing the change in
amplitude of in- and out-of-plane polarised light upon reflection,
ellipsometry measurements gave a non-invasive, large-scale
method of studying the buﬀers’ behaviour at the solid–liquid
interface. The lipid 1,2-dipalmitoyl-sn-glycero-3-phosphate (DPPA),
which is anionic and in the gel phase (Tm B 67 1C) at physio-
logical pH and temperature was chosen due to its importance for
dynamic biological processes such as signal transduction42 and
fusion,43 especially in plants.44
In this paper hydration forces are to be understood in their
literal sense: the forces that arise from the local organization of
water molecules at interfaces and around ions and molecules.
These nanoscale forces often dominate the adsorption or
organization of charged molecules at interfaces34,46 and play
a fundamental role in regulating biological function.47,48
2 Materials and methods
Buﬀering agents
The buﬀers that were investigated were all purchased from
Sigma-Aldrich (St. Louis, MO, USA) and are listed below
(see Fig. 1 for structures):
 HEPES: 4-(2-hydroxyethyl)piperazine-1-ethanesulfonic acid
(powder form), 99.95% purity, pKa = 7.56
 MES: 2-(N-morpholino)ethanesulfonic acid hydrate
(powder form), 99.95% purity, pKa = 6.27
 SSC: saline-sodium citrate (powder blend), pKa = 3.13
 Tris: trizma base (2-amino-2-(hydroxymethyl)-1,2-propanediol),
99.99% purity, pKa = 8.07
 Monosodium phosphate: Na2HPO4, 99.90% purity,
pKa = 7.20
 PBS: phosphate-buﬀered saline (powder form), pKa = 7.20
All quoted pKas were listed in ref. 49 and are valid at 25 1C.
Buﬀers were made up to a concentration of 10 mM and titrated
to a pH of 7.0 at 25 1C with 0.17 M KOH and 0.5 M HCl. The
solutions were then sonicated for 10 minutes in order to ensure
complete solution of the buﬀering molecules and removal of
any dissolved gases. Approximately 50 mL of the buﬀer solution
was deposited on the mica and a similar quantity on the
cantilever tip using a pipette. This ensured no air bubbles
could become trapped as the cantilever was submerged. A
capillary bridge was then formed between the mica and canti-
lever by bringing the two into close proximity.
Atomic force microscopy
A commercial Cypher ES AFM (Asylum Research, Santa Bar-
bara, USA) equipped with direct laser excitation (blueDrivet)
and thermal control was used for all experiments. The blue
drive and temperature control result in highly stable imaging
parameters, making direct comparison between buﬀers more
meaningful. We also improved comparability by using the same
cantilever for the duration of the experiment. The cantilever
(Arrow UHFAuD, NanoWorld, Switzerland) had a stiﬀness
k B 1.8 Nm1 (calculated from the cantilever’s thermal spec-
trum50) and was driven at its fundamental resonance frequency
of 391.07 kHz in liquid. The measurements on mica were
conducted sequentially over one day. The experiments on the
supported lipid bilayer were carried out at a later date, so
maintaining identical tip-sample conditions was non-trivial.
Instead, a new Arrow cantilever was used for this imaging, to
ensure there were no contaminants or artefacts due to tip
degradation. Prior to imaging, the cantilever was immersed in
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a bath of ultrapure water (18.2 MO, o5 ppm organics, Merck
Millipore, Watford, UK), followed by isopropyl alcohol (Sigma-
Aldrich, 99.7% purity), followed by ultrapure water again for
a total of 30 minutes to remove as much organic matter from
the tip as possible, while minimising physical tip alterations.
Grade I Muscovite mica (SPI supplies, USA) was used and freshly
cleaved with adhesive tape before all measurements.
The AFM was operated in amplitude-modulation mode
with the cantilever and tip fully immersed in the liquid. In
amplitude-modulation, the probe’s cantilever is oscillated
near resonance and the amplitude is kept constant while
scanning. The phase diﬀerence between the driving oscilla-
tion and that of the probe is allowed to vary freely. The
working amplitude was adjusted to gain the best image quality
possible between 1.0 nm and 1.5 nm while the free oscillation
amplitude was kept constant at 1.6 nm. This ensured that
the tip mainly probed the solvation layers of the surface.51
In these conditions, the phase contrast can be related to the
local solvation free energy of the liquid for the surface.52,53 In
Fig. 2, 3, 5 and 6, original scan sizes were (100  100) nm2,
(20  20) nm2, (20  20) nm2 and (100  100) nm2, res-
pectively. All images were taken at a constant scan rate
(lines-per-second) of 4.88 Hz.
Since the goal was to oﬀer a direct comparison between the
buﬀering agents, our emphasis was placed on keeping imaging
conditions as similar as possible for each buﬀer rather than
achieving the highest resolution. This is necessary because
AFM measurements are by definition perturbative and the
AFM tip influences the observations.33,52,54 Using the same
cantilever and identical imaging conditions does not negate
tip eﬀects, but improves comparability.
Image analysis
The AFM images were produced by Asylum Research software
package (ver. 13.17.101) (Asylum Research, Santa Barbara, USA)
for Igor (ver. 6.3.7.2, Wavemetrics, Lake Oswego, USA), before
being flattened line-by-line with a first-order polynomial. The
root-mean squared roughness, Rq, values were calculated
according to the formula
Rq ¼
ﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃ
1
MN
XM1
k¼0
XN1
l¼0
z xk; ylð Þ2
vuut ;
where z(xk,yl) is the measured height at point (xk,yl) and k and l
sum over the points and lines of each image. In our case, the
raw images produced hadM = N = 256. Each data point in Fig. 4
was taken as the average Rq of 5 images, with the error bars
representing the standard deviation of that set. The presented
figures were slightly low-pass filtered using FFT-based analysis
to remove unwanted high-frequency noise.
Silica-supported lipid bilayer formation
Supported lipid bilayers (SLBs) of the anionic lipid 1,2-
dipalmitoyl-sn-glycero-3-phosphate (DPPA) (Avanti Polar Lipids
Inc., AL, USA) were formed via the vesicle fusion method.55,56
Briefly, a chloroform solution containing DPPA at 1 mg mL1
was pipetted into a 10 mL vial and dried under nitrogen until
there was no visible fluid remaining. It was then placed under
Fig. 2 Low resolution AFM images of mica topography (orange-purple, upper) and phase contrast (blue, lower) in buﬀer solutions. In MES (a) and HEPES
(b) rows are clearly visible in topography and in phase. No regular structure is visible in monosodium phosphate (c), SSC (d) and Tris (e). Some structures
are visible forming a mesh on the surface (arrows in d). De-ionised water (f) was imaged as a control. Rows related to the mica lattice are hardly visible at
that scale. In all images, the scale bar represents 30 nm. The topographic colour scale represents relative height variations ranging over 150 pm from
black to white. The phase colour scale corresponds to variations of 101 (black to white).
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vacuum for 44 hours to ensure complete evaporation. The
lipid film was subsequently re-hydrated with Milli-Q ultrapure
water to a concentration of 3 mg mL1 and gently sonicated
until the solution became uniformly milky and opaque due to
the formation of multi-lamellar vesicles. The solution was then
extruded at least 19 (but always an odd number) times using a
Mini-Extruder kit (Avanti Polar Lipids Inc., AL, USA) with a
100 nm filter (Whatman, GE Healthcare Life Sciences, Buck-
inghamshire, UK) to form small, unilamellar vesicles (SUVs).
The solution was then diluted with 150 mM NaCl to a concen-
tration of 0.1 mg mL1. This resulted in a salt concentration of
B145 mM which would encourage the SUVs to fuse and spread
onto the silica substrate. All glassware, and components had
been cleaned thoroughly by sonication with ultrapure water,
then isopropyl alcohol, and water again for ten minutes each
before coming into contact with the lipids.
A silicon wafer with a native silicon dioxide layer was
cleaned thoroughly by sonication in diluted Deacon-90 (Deacon
Laboratories, Sussex, UK) detergent for ten minutes, followed
by a similar treatment with ultrapure water, isopropyl alcohol
and then ultrapure water once more to ensure the surface had
no contaminants on it that could aﬀect the formation of the
lipid bilayer. The silica was then made hydrophilic via exposure
to an argon plasma at 1 mbar for 30 s. Immediately afterwards,
B80 mL of the SUV/NaCl solution was pipetted onto the wafer
before being sealed in a petri-dish, heated to 77 1C for 1 hour
and cooling to room temperature at a rate of 10 1C per hour.
The purpose of this heat-ramp was to ensure that the lipids
were allowed to relax in their fluid state before being examined,
minimising the possibility of kinetic traps existing, such as in
Fig. 3 High magnification AFM images of mica topography (upper) and phase (lower) in buﬀer solutions. In MES (a) the hexagonal symmetry of the
lattice can be clearly resolved despite infrequent horizontal defects. Regular epitaxial modulations are visible in the phase. In HEPES (b) the symmetry is
again clear, but modulated by large height variations in both topography and phase. In Monosodium phosphate (c) the topography image displays no
atomic features but they can be occasionally resolved in the corresponding phase image. In SSC (d) the mica lattice is perceptible with larger features
similarly to in (a). In Tris (e), large features consistent with those in Fig. 2e are visible in the upper part of the image. Occasionally, the tip jumps (arrow)
revealing a structured mesh. In ultrapure water (f) atomic-level features are visible alongside point-like deformities. The scale bar is 5 nm. Colour scales:
the height is 150 pm and phase is 101.
Fig. 4 Comparison of the root-mean squared roughness, Rq, of the
buﬀer/mica interface as imaged by the AFM. The eﬀect of monosodium
phosphate upon the AFM imaging process is clearly elucidated by its large
roughness. HEPES demonstrates an anomalous increase in roughness
from 25.1 pm to 41.6 pm at (100  100) nm2 and (20  20) nm2 scans
respectively. This is contrasted with the other buﬀers, where the 100 nm
roughness is equal to that at 20 nm. It is likely related to the increase in
resolution at this lengthscale that leads to the mesh being observed in
Fig. 3b. Error bars represent standard deviation of 5 consecutive scans
in each buﬀer.
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the case of the ‘‘ripple’’ phase.57 When exchanging the buﬀer-
ing fluid, the bilayer was copiously rinsed, with at least ten
times the initial volume (B100 mL) covering the silicon wafer.
Ellipsometry
Ellipsometry provides a label-free, non-perturbative method of
investigating thin films forming interfaces.41 It works on the
principle that the parallel and perpendicular coeﬃcients of
reflection of monochromatic light (Rp and Rs respectively) are
very sensitive to the presence of chemical layers formed at the
reflective surface. Ellipsometric measurements typically probe
the ratio between these complex reflectivities, r, such that
r  Rp
Rs
¼ tanc expðiDÞ;
where the ellipsometric angles c and D give an indication of the
extent to which a surface is modified. Measurements were
carried out on a picometer phase-modulated ellipsometer
(Beaglehole Instruments) using a helium-neon laser (l = 589 nm),
with an incident angle of 701.
After the SLB was formed on the silica surface (see above),
the wafer was gently rinsed with 150 mM NaCl solution to
remove any unfused vesicles. It was then entirely submerged in
the NaCl solution in a Petri dish so as to remove aberration that
would be produced by a curved droplet surface. Each data-point
presented is the average of five sets (each at diﬀerent points on
the silica) of ten ellipsometric measurements. When altering
buﬀering agents, care was taken not to expose the sample to air
(and potentially destroy the SLB) by exchanging fluids using a
pipette tip. At least twice the volume of the Petri dish was used
when rinsing the bilayer, to ensure no residual salt or buﬀer
remained at its surface. The sample was then left to equilibrate
for 30 minutes before continuing the measurement.
3 Results and discussion
In order to systematically evaluate the impact of buﬀers at the
interface, selected AFM images of the height and phase con-
trast obtained at diﬀerent magnifications are shown. Those
taken at lower magnification (100 nm) are shown in Fig. 2.
The height scans (orange/purple) all span a comparable
z-range, with the displayed colour scale ranging from 150 pm
(white) to 0 pm (black). Images taken in buﬀer (Fig. 2a–e), show
distinct differences, despite sharing an identical substrate of
freshly-cleaved mica. The buffering molecules, which are com-
parable in size to the mica lattice parameter (see Fig. 1), directly
interact with the substrate and work to screen the surface
potential, producing epitaxial hydration structures that can
be resolved by the AFM tip.
These structures vary from case to case. In both MES and
HEPES, (Fig. 2a and b) diagonal, periodic rows are clearly
visible both in topography and in phase. Their periodicity
was taken perpendicular to the rows – i.e. running from
bottom-left to top-right in Fig. 2a and close to the vertical in
Fig. 2b. Fourier analysis revealed that they had a similar
periodicity of 3  1 nm. This value, about six times large than
the periodicity of mica’s lattice,45 suggests an organised epitaxial
layer composed of buffer molecules adsorbed on the underlying
mica surface. In contrast, images acquired in monosodium
phosphate, SSC and Tris (Fig. 2c–e) exhibit a homogeneous
texture with regular features exhibiting a characteristic size of
approximately 10 nm, but with occasional superstructures such
as the elongated formations of Fig. 2d (arrows). The lack of any
regularly repeating features in these images implies that the
buffer molecules are not able to organise themselves in a way
commensurate with the underlying mica lattice. However, the
existence of this typical lengthscale indicates that a stable buffer
layer has formed at the interface and that the layer is cohesive
enough to withstand the imaging process. Buffer molecules
occasionally become attached to, or influence the motion of
the cantilever during the imaging process, resulting in temporary
loss of resolution (typically over one line). This leads to horizontal
discontinuities in the image that can be observed in parts of
Fig. 2e (see also; Fig. S1, ESI†). Fig. 2f shows the mica surface
imaged in ultrapure water as a control. Features related to the
mica lattice can be resolved, consistent with the picture of a well-
defined hydration structure at the surface of hydrophilic lattices.58
Overall, the low magnification images show that the buﬀer
molecules adsorb on mica and aﬀect the hydration landscape
of the interface. They can form cohesive layers strong enough to
Fig. 5 Comparison of the eﬀect of ionic content on image quality in buﬀered solutions. Topographic images are presented in the upper portion and
phase in the lower. (a) Ultrapure water, (b) monosodium phosphate buﬀer; again no atomic-scale features are observable in the topography.
(c) Phosphate-buﬀered saline solution; the addition of 140 mM NaCl to the buﬀer results in a dramatic increase in image quality. Arrows indicate
variability in imaging conditions; from individual lattice points (white) to row-like formations (red). Each image’s scale bar is 5 nm and the colour scales are
150 pm for the height and 101 for the topography.
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withstand the AFM imaging process. These layers are not
necessarily commensurate with the underlying mica lattice,
but still able to modify the surface in a manner characteristic
of each buﬀer. Atomic-level details are however not visible at
this scale, so higher magnification is necessary.
Fig. 3 illustrates representative high-resolution images
(20 nm) of the interface in the diﬀerent buﬀer solutions.
Interestingly, details of the mica lattice are often visible, but
large features in phase and/or topography suggest that the
adsorbed buﬀer layer identified in Fig. 2 is still present in
most cases.
Again, clear variations between the diﬀerent buﬀers are
observed. In MES and SSC (Fig. 3a and d respectively), clear
atomic-level resolution images were obtained but their quality
was often inconsistent, with many horizontal discontinuities
and instabilities (see Fig. S2 and S3, ESI†). HEPES (Fig. 3b)
produced very stable and reproducible images, showing a
mesh-like network developing epitaxially on the surface of
mica. Of the five buﬀers used, HEPES demonstrates the great-
est height variations whilst retaining atomic-level detail. This is
evident from comparison of the roughnesses of the scans
presented in Fig. 4; HEPES has a roughness of approximately
50 pm at the (20  20) nm2 scale, second only to monosodium
phosphate (which did not allow the same atomic-level detail).
Conversely, the HEPES image at the 100 nm scale demonstrated
a similar roughness to the other buﬀering agents. This is
related to the fact that in the latter case, the cantilever was
scanning at a constant rate over a larger surface – that is, the
faster motion of the tip reduced its ability to pick out the sub-
nanometre details. Monosodium phosphate (Fig. 3c), provided
the worst image quality when compared to the other buffers
and ultrapure water (Fig. 3f). Occasionally, the phase signal
could resolve details of the mica lattice, but nothing was visible
in the topography. Images tended to be very unstable, as
reflected in the extremely high roughness values of the images
(Fig. 4). Finally, the Tris-buffered solution (Fig. 3e) tended to
induce some bi-stability while imaging in both topography and
phase, with regions revealing atomic-level details while other
showed some aggregates adsorbed on the surface (arrows,
lower half of Fig. 3e). These larger surface features are in good
agreement with those observed at lower magnification (Fig. 2f).
Generally, higher magnification images tend to reveal more
details about the mica lattice compared to the images shown in
Fig. 2. AFM measurements being in essence perturbative,33 the
tip is more likely to displace or remove adsorbed buﬀer
molecules in the high-resolution scans where more time is
spent over each area of the surface imaged. Nonetheless, in
most cases, the mica lattice is superimposed upon larger scale
features that reflect the features imaged in Fig. 2. This confirms
that the buﬀer molecules tend to form a structured layer on the
surface. This layer is templated by the mica surface, but lateral
interactions between buﬀer molecules must also play an impor-
tant role, as visible in the formation of mesh-like structures in
HEPES and Tris.
Imaging in ultrapure water proved diﬃcult for achieving
atomic-level resolution images of the muscovite lattice and it
was necessary to reduce the cantilever’s free and working
amplitudes by about 20%. This can be explained by a lack of
stable hydration sites at the surface of the tip in solution,51
compared to the strong hydration landscape of mica. Although
the cantilever’s silicon nitride surface was cleaned (see Materials
and methods), no surface modification was conducted hence
limiting the stability of tip’s hydration structure.54 This limitation
aﬀects the cantilever’s vertical resolution59 and is detrimental for
high resolution imaging. The existence of multiple, well-defined
hydration layers at the surface of mica28,60,61 exacerbated the
problem, and several large (33 nm) domains superimposed to
the lattice structure are visible in Fig. 3f. These domains are
likely induced by the tip probing diﬀerent hydration states of
the surface.
It is common knowledge in the AFM community that the
addition of salt to aqueous solutions aids resolution, presumably
through the formation of better-defined, more symmetrical
hydration structures on both surfaces. The concentration and
type of charges in solution can strongly influence the electrical
double-layer forces of submerged solids39 and therefore play a
significant role for AFM resolution.62 However, the use of small
oscillation amplitudes while imaging here leads to the resolution
being dominated by short-range hydration eﬀects, including
those of adsorbed buﬀer ions.
Hydration forces cannot adequately be described by the
continuum theories of double layers,51 and are sensitive to
the nature of the ionic species in solution. In particular the
diﬀerent hydration structure of adsorbed ions can dramatically
influence the resolution achieved.8,33 In the case of buﬀers,
stock solutions typically contain a wide range and density of
salts aside from the buﬀering agent. This salt can compete with
the charged buﬀer molecules for the charged interface and
partially mitigate the eﬀects observed in Fig. 2 and 3. Here
we quantify the impact of increased salt concentrations by
comparing three solutions; ultrapure water, a monosodium
phosphate buﬀer and a phosphate-buﬀered saline (PBS)
solution. The PBS solution is routinely used in biology to mimic
physiological conditions and its buﬀering eﬀect comes from
the same monosodium phosphate molecule as that presented
in Fig. 2f and 3f, but with the addition of 140 mM NaCl.
The results are presented in Fig. 5.
The image in ultrapure water, Fig. 5a, is consistent with
Fig. 2 and 3; the underlying lattice of mica is visible but the
imaging is at times unstable, with several horizontal imperfec-
tions. In monosodium phosphate (Fig. 5b), the image quality is
noticeably reduced and the mica lattice can only be resolved in
part of the image, as in Fig. 3d. The low resolution is in part due
to buﬀer molecules loosely adsorbed on the surface that inter-
fere with the tip during the imaging process but also may be a
result of non-specific adsorption to the cantilever itself. It is not
possible to diagnose this while imaging, as the eﬀects would be
indistinguishable from one another. The phase in Fig. 5b is
nonetheless consistent, as found previously. This could indi-
cate a strong hydration layer formed on the mica, beneath the
loosely adsorbed buﬀer molecules, but a definitive conclusion
requires further, independent confirmation. In contrast, the
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image obtained in PBS buﬀer (Fig. 5c) is by far the clearest,
demonstrating atomic-level resolution over the entire image.
The overall imaging stability was confirmed with larger-scale
images (see Fig. S4, ESI†) as well as the roughness measure-
ment of 0.018  0.002 nm, smaller than every previous buﬀer
measured (Fig. 4). However, despite the regularity of Fig. 5c, the
surface is not entirely homogeneous, with the lower portion of
the phase image exhibiting individuated lattice sites (white
arrow), while the upper half only rows can be discerned
(red arrow). This is another indication that, although the
resolution is improved, the buﬀer molecules are still interfering
with the solid–liquid boundary, but in competition with Na+
ions. Significantly, in PBS, many surface features are visible
both in phase and in topography, reflecting the different
hydration states of the adsorbed buffer and Na+ ions.63
Fig. 5 illustrates the negative impact that buﬀer molecules
have on high-resolution AFM scans, and also the eﬀect of ionic
content on imaging. Metal ions are considerably smaller than
buﬀer molecules and as such can displace the latter at the
interface and help create more stable hydration structures
which are reflected by the improved imaging conditions.
Adsorption of ions at charged interfaces is however a compe-
titive process33,60 and buﬀer molecules will always be present,
although in smaller quantities. The principal mechanism for
buﬀer interference with biological systems is therefore likely to
involve specific interactions and steric eﬀects not solely based
on electrostatic interactions. The extended mesh-like network
visible in HEPES and Tris involve also inter-molecular inter-
actions which are likely to survive in the presence of salt. This is
visible in monosodium phosphate where the large features
visible in the phase in Fig. 5b remain after the addition of salt
(Fig. 5c), albeit less well-defined. In the context of AFM imaging,
the adsorption of sodium ions at mica’s surface allows for a well-
defined and stable hydration in PBS and outweighs the negative
impact of having extra molecules in solution, but the results are
based on measurements with a relatively stiﬀ cantilever (see
Materials and methods), and loosely bound buﬀer molecules
may still be visible when ultrasoft imaging conditions are used,
for example over delicate biological samples.
To confirm whether the data obtained up to this point was
indeed relevant for biological interfaces, the eﬀect of the
buﬀering solutions upon a silica-supported lipid bilayer (SLB)
of DPPA was investigated by AFM. The bilayer was formed on
a silicon/silicon dioxide substrate to enable ellipsometry
measurements to be carried out that would otherwise have
been hindered by the interference between the upper and lower
plane of mica64 and required either advanced averaging tech-
niques or assumptions about the refractive index to be made.65
The lower surface charge density of silicon dioxide66 also
ensured the anionic lipid bilayer, which otherwise may have
been repelled from the mica surface,67 remained stable. A
selection of representative lower-magnification (100 nm)
images of the SLB in diﬀerent buﬀer molecules is presented
in Fig. 6. There are much larger height variations when
compared with the images in Fig. 2; the z-scale ranges from
0–500 pm rather than 0–150 pm. This is due to the intrinsic
roughness of the silica substrate (see Fig. S5, ESI†), rather than
any adhered layer. This roughness inhibited high-resolution
Fig. 6 Comparison of buﬀering agents on a silica-SLB with that of a monovalent salt. (a) 150 mM NaCl; the surface demonstrates similar features to that
of the bare silica surface (SI), indicating that the bilayer follows the support straightforwardly (b) 10 mM HEPES; clear wrinkling is induced by the exchange
of buﬀers, with a coherent direction (bottom-left to top-right) and approximate width of 7 nm. (c) 10 mM Tris; the phase image displays non-uniform
mesh-like structures across the surface (arrows) ofB15 nm – midway between that of NaCl and HEPES – in a similar manner to its behaviour on mica
(Fig. 2e) while the height is dominated by the large-scale topography. (d) 10 mM monosodium phosphate; SLB demonstrates similar features to those
when immersed in Tris; a homogeneous network-like structure is found in the phase trace, but the topography more closely resembles that of
the SLB in NaCl. Topography is shown in orange/purple (colour scale range = 500 pm in all), with the corresponding phase shown below in blue
(colour scale range = 101 in all) and scale bars represent 30 nm.
Soft Matter Paper
O
pe
n 
A
cc
es
s A
rti
cl
e.
 P
ub
lis
he
d 
on
 2
8 
Ja
nu
ar
y 
20
16
. D
ow
nl
oa
de
d 
on
 0
7/
03
/2
01
6 
12
:2
0:
58
. 
 
Th
is 
ar
tic
le
 is
 li
ce
ns
ed
 u
nd
er
 a
 C
re
at
iv
e 
Co
m
m
on
s A
ttr
ib
ut
io
n 
3.
0 
U
np
or
te
d 
Li
ce
nc
e.
View Article Online
This journal is©The Royal Society of Chemistry 2016 Soft Matter, 2016, 12, 2642--2651 | 2649
comparisons between the different buffer solutions similar
to those in Fig. 3 and 5, and for this reason, only three
of the previously-investigated buffers were compared; HEPES
(Fig. 6b), Tris (Fig. 6c) and monosodium phosphate (Fig. 6d) as
these produced the most characteristic changes in topography
previously. They were compared to the SLB in 150 mM
NaCl– that is, the solution it was formed in. Distinctive changes
in topography upon the exchanging of buffers are still evident.
The image in 150 mM NaCl, Fig. 6a, demonstrates a
smoothly-varying topography over a lengthscale similar to that
of bare silica (Fig. S5, ESI†) and a root-mean squared roughness
of 107 pm. This is much smaller than the roughness observed
on the bare silicon/silicon dioxide surface (see Fig. S5, ESI†) of
137 pm, implying that the formation of an SLB on the surface
smooths out some of the rougher features. The phase image
agrees with the topography inasmuch as the features picked
out have the same orientation and are of similar size. These
observations imply the bilayer follows the topography of the
support well, without any extra anomalous surface features.
This is to be expected from the high concentration of the salt,
which allows the negative lipids plentiful access to cations in
solution, minimising any strong electrostatic forces present.
After rinsing the bilayer and cantilever with the HEPES solution
and leaving 30 minutes for equilibration (see Materials and
methods) the bilayer was imaged again. In this case, Fig. 6b,
strong modifications to the surface topography are observed;
the SLB is wrinkled and accordingly has a much higher surface
roughness of 157 pm. These wrinkles have a width of between
5 and 10 nm, which is of the same order of magnitude as the
bilayer thickness. It is likely that the wrinkling is induced by
electrostatic interactions between the charged lipid head-
groups. Specifically, HEPES is much less able to screen the
repulsive headgroups when compared to sodium ions, resulting
in a much greater area per phosphate group. This is not wholly
balanced by the area of the lipids’ acyl chains, resulting in
a non-zero spontaneous curvature. The evidence that the
wrinkling is a physical response of the bilayer, rather than a
templating eﬀect as on mica comes from observations of a
similar phenomenon by Li et al.68 Their experiments used
neutral lipid bilayers supported on a gold electrode. They found
that ripples could be reversibly induced on a DMPC membrane
by altering the potential applied to the electrode and concluded
that the wrinkling was due to the lipids’ asymmetric environ-
ment and mismatched headgroup/chain area. Since in our
case, the change was induced by a reduction in salt in solution,
it seems likely that similar mechanisms are at play here.
The eﬀects of Tris buﬀer and monosodium phosphate
(Fig. 6c and d) acting on the DPPA bilayer are qualitatively
similar to each other, yet distinct from Fig. 6b; both topo-
graphies demonstrate equal roughnesses (Rq = 107 pm) and
similar morphologies to those observed in the sodium chloride
buﬀer. The reason for the discrepancy between HEPES and the
other buﬀers is not clear, but could well be related to HEPES’
zwitterionic form as zwitterions have been shown to have little
eﬀect on the ionic strength of a solution.69 There are clear
features observed in the phase scans of Tris and monosodium
phosphate; each buﬀer induces small (B15 nm) features on the
bilayer surface (highlighted by arrows) which mimic those
observed when the buﬀers were present on mica (Fig. 2c and e).
These similarities, at least in phase, indicate an equivalent
templating process of the buﬀering ions occurring at the
membrane as occurred on mica. The fact that there does not
seem to be any major eﬀect on the topography could be linked
to the already relatively large roughness of silica, or possibly to
the specific way the tip-sample interactions are modified by the
buﬀer and SLB.
One way to confirm whether the observed changes in
topography and phase represent physical modifications to the
bilayer-buﬀer interface or to the AFM interactions while ima-
ging is to make use of a large-scale technique that does not
perturb the system. To this end, ellipsometry was performed on
a DPPA/silica system, prepared identically as before (see Materials
andmethods) and the characteristic angles, c and D, presented in
Fig. 7. Typically, these would be analysed over a range of wave-
lengths and fitted to a model to gain information about the
adsorbed film thickness and optical properties of the layer but
given the uncertainty about the true nature of the adlayer and
complexity of the lipid layer itself, this is somewhat beyond the
scope of this article. Instead, the extent to which the angles
depended on the buﬀering agent was measured at a single
wavelength (589 nm). The data show a clear diﬀerence in both
c and D between the solutions with buﬀer in and that with solely
NaCl. The buﬀered solutions are of comparable magnitude, which
is somewhat intriguing given that the topography scans of Fig. 6a,
c and d are qualitatively very similar. Although the c values with
buﬀer molecules are not equal within errors they are much better
grouped than that of NaCl. The D data points are not so distinct,
Fig. 7 The eﬀect of buﬀering agents on the interfacial properties of a
silica-supported lipid bilayer as probed by ellipsometry. The angles c and D
are as defined in the Materials and methods section. There is a clear
discrepancy in the c values between the sample immersed in a NaCl
solution and those immersed in buﬀers, which have much smaller separa-
tions. This suggests a distinct interfacial modification in agreement with
Fig. 6. The D values’ trend is less clear, but Tris and monosodium
phosphate are equal within errors, which correlates with the AFM images
produced in Fig. 6.
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but the values for Tris and monosodium phosphate are much
closer together than they are to HEPES or NaCl, which could
explain the similar templating eﬀect seen in the phases of Fig. 6c
and d. Ellipsometric measurements on similar systems such as a
lipid monolayer-coated silicon dioxide wafer70 or a phosphoryl
choline-modified polymer on silica71 do not agree with our values
of c or D – it was assumed that this was due in part to the
different nature of their samples – but their results indicate that
changes in the ellipsometric angles of B0.51 are significant in
relation to the formation of thin films. This indicates that the
difference in phase scans observed in the same images did indeed
represent a layering of buffer molecules on the bilayer surface.
However, without further models or analysis, no stronger conclu-
sions can be drawn.
4 Conclusion
We have used AM-AFM to investigate the interface between
mica and five diﬀerent buﬀering agents with molecular-level
resolution. The buﬀer molecules produce cohesive aggregates
on the charged substrate. MES and HEPES can form epitaxial
lattice-like arrangements that are commensurate with the
underlying mica structure, suggesting that they oﬀer the most
suitable solution for high-resolution studies. SSC, Tris and
monosodium phosphate conversely formed an amorphous
mesh layer with no preferential ordering. In particular mono-
sodium phosphate interferes with the imaging process to such
an extent that no atomic-level details is visible in the topogra-
phy. The eﬀects of the buﬀering agents are however mitigated
by the adjunction of salt which can displace them from the
interface. We have also shown that buﬀers directly interact with
biological membranes, demonstrating with both AM-AFM and
ellipsometry the altered interface that is produced by inclusion
of a buﬀer. Buﬀering molecules actively assemble at charged
surfaces, sometimes creating cohesive layers that involve inter-
actions between buﬀer molecules. Further studies will examine
how these eﬀects influence the behaviour and dynamics of the
biomimetic systems they are commonly used in.
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